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Introduction

Time-resolved Fourier-transform infrared (trFTIR) difference
spectroscopy can reveal great molecular detail of the reaction
mechanisms of proteins.[1, 2] This manuscript mainly describes
the basic idea of the approach and uses the work of our lab as
examples; it is not a detailed review of all the FTIR literature.
For further literature the reviews of Heberle,[3] M�ntele,[4] Vogel
and Siebert,[5] Rothschild,[6] Braiman and Rothschild,[7] Maeda,[8]

Barth,[9] Kandori[10] and Breton[11] are suggested.
By the performance of difference spectra, one can select the

absorbance bands of the protein groups that are involved in
the reaction out of the background absorbance of the whole
sample. The absorbance changes can be monitored with time
resolutions down to nanoseconds and followed for time peri-
ods ranging over nine orders of magnitude. This technique is
suitable for many proteins, including membrane proteins with
sizes up to 100 000 Daltons.[12]

This technique can provide information that is complemen-
tary to X-ray structure analysis, including information on:

* the H-bonding,
* the protonation state,
* the charge distribution,
* the time dependence of the protein reactions.

TrFTIR of proteins was introduced in the study of the light-
driven proton pump bacteriorhodopsin (bR).[13] The first fast-
scan studies provided the key protonation steps: the deproto-
nation of the central proton binding site, the protonated Schiff
base, and the protonation of the counterion Asp85 and repro-
tonation by protonated Asp96. Furthermore, the coupling of
the light-induced electron transfer to the proton uptake, a key
step in photosynthetic proteins, was elucidated based on step-
scan FTIR measurements.[12] Further, the catalysis of the GTPase
reaction of Ras proteins by a protein–protein interaction with
GAP (GTPase activating protein) proteins was monitored in real
time using caged GTP as a photolabile trigger.[14]

Difference Spectroscopy

Even a relatively small protein of 20 kD has about 104 vibra-
tional modes. Thus, from the absorption spectrum alone (Fig-
ure 1 A) one cannot obtain information on individual bands
but only on the global features of the protein. The spectrum is
dominated by the amide I (C=O stretch) and amide II (NH bend
coupled with C�N stretch) bands, to which every amino acid
contributes. From these backbone absorptions information on
the secondary structure can be gained. In an analysis of the
amide I band, its components (a-helix, b-sheet and turn) can
be fitted by separated curves, because different hydrogen
bonding leads to shifts of the band.[15] Water absorptions (O�H
bend) are found in the same region as the amide I; thus, this
analysis is easier to perform in samples dissolved in D2O, which
absorbs around 1250 cm�1.

For an FTIR difference spectrum (Figure 1 B) of a reaction
A!B, one calculates the absorbance spectrum of B minus the
absorbance spectrum of A. Thus, the vibrations from groups
that are not changed during the reaction annihilate each
other, and only the changes during the reaction are seen. Indi-
vidual absorptions can then be resolved. It is important to
maintain accurately the same conditions during the reactions,
otherwise the background, with a 103 stronger absorbance
(see Figure 1 A), will obscure the difference spectrum. To dem-
onstrate the signal-to-background ratio, the difference spec-
trum is also shown on the bottom of Figure 1 A at the same
scale. To monitor such small changes, of the order of 10�3 to
10�4 absorbance units, highly sensitive instrumentation is re-
quired. FTIR spectroscopy is able to detect such small changes
reliably.
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In the post genome era proteins coming into the focus of life sci-
ences. X-ray structure analysis and NMR spectroscopy are estab-
lished methods to determine the geometry of proteins. In order
to determine the molecular reaction mechanism of proteins,
time-resolved FTIR (trFTIR) difference spectroscopy emerges as a
valuable tool. In this Minireview we describe the trFTIR difference

spectroscopy and show its application on the light-driven proton
pump bacteriorhodopsin (bR), the photosynthetic reaction center
and the GTPase Ras, which is crucial in signal transduction. The
main principles of the technique are presented, including a sum-
mary of triggering techniques, scan modes and analysis.
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Experimental Section

A typical setup for a time-resolved FTIR experiment consists of a
light source, an interferometer, sample chamber, and a detector.
The sample chamber is equipped, for example, with a thermostatic
transmission cell in which the sample is placed. For triggering, the
sample in the cell can also be irradiated by a laser. Finally, the infra-
red light reaches, for example, a liquid-nitrogen-cooled MCT (mer-
cury–cadmium–telluride) detector.

The most common cell is a simple transmission cell with IR-trans-
parent windows (e.g. CaF2). To reduce the water background ab-
sorption, fully hydrated films, which are a few mm thick, are used.
As an alternative to transmission cells, ATR (attenuated total reflec-
tion) cells can be used.[16–18] In this setup, the IR light is reflected at
the interface of a crystal (most commonly diamond, ZnSe, or Ge)
and the sample. Since, in this process, an evanescent wave pene-
trates only a few mm into the sample, the protein film can be
much thicker than in the transmittance cell. The lower the distance
of the absorbing species to the crystal, the stronger the absorp-
tion. This effect can be enhanced by the SEIRA (surface-enhanced
infrared absorption reflectance) technique, where the ATR cell is
coated by a thin film of gold or silver.[19–21] In this way, thin layers
(e.g. of lipids) can be investigated. One can increase the absorption
further by using multiple reflections. ATR cells with 1 to 25 reflec-
tions are available.

Both, transmission cells and ATR cells can be used as flow cells. In
either case, the sample can be easily exchanged by means of a
tubing system. This can increase the quality of difference spectra
enormously, because the whole setup (sample thickness, window
position etc.) can be maintained exactly the same. This is not possi-
ble if the sample has to be removed from the spectrometer and
the transmittance cell has to be reassembled with the new sample.
Further, use of an ATR flow cell creates possibilities for the investi-
gation of protein–protein interactions:[22] for example, one protein
can be immobilized in a lipid layer, fixed to an ATR crystal,[23] or
bound via an anchor at the ATR surface.[24] The interaction of the
attached protein with other proteins in the liquid phase can then
be studied.

Trigger Techniques

The difference technique requires a sharp initiation (triggering)
of the protein reaction. This can be achieved by a laser flash
that activates a protein (A), by release of a caged compound
(B), or by fast mixing (C), as described below:

A) Photobiological systems : Light-induced reactions in photo-
biological systems, such as bacteriorhodopsin (bR)[25, 26] or pho-
tosynthetic reaction centers (RCs),[12] which carry intrinsic chro-
mophores (e.g. Retinal, Figure 2 A), are ideally suited to time-re-
solved studies. In these systems, the chromophore can be di-
rectly activated by a laser flash, enabling isomerization or
redox reactions of prosthetic groups and subsequent reac-
tions.

B) Caged compounds : A broad range of applications can be
achieved using caged compounds in which biologically active
molecules are released from inactive photolabile precursors.
They allow the initiation of a protein reaction with a nanosec-
ond UV laser flash. Caged phosphate, caged GTP, caged ATP,
and caged calcium have been established as particularly suita-
ble trigger compounds.[27, 28] The most popular caging groups
are ortho-alkylated nitrophenyl compounds.[29] However, photo-
reactions of such compounds involve several intermediates,
which limits the time resolution for the reaction. The para-hy-
droxyphenacyl cage (pHP-), where the reaction proceeds on
the excited state in the sub-nanosecond time regime without
intermediates, is faster.[30] In Figure 2 B, the photochemical acti-
vation of pHP-GTP is shown. The photolysis reaction of caged
GTP has been investigated in detail by FTIR spectroscopy.
Bands were assigned by the use of 18O phosphate labeling by
Cepus et al.[31] In addition, FT-Raman spectra and photolysis
spectra of caged Ca2 + have been reported.[31]

C) Mixing Cells : Another approach for starting reactions is
fast mixing of the reaction partners. This can be achieved in a
stopped flow setup where the two components are mixed and
transferred into the sample chamber.[32] Even faster mixing is
possible using continuous flow systems. We have developed a
micro mixing cell (Figure 2 C), which allows mixing of two com-
ponents within the sub-millisecond time regime.[33] Since sili-
con is transparent in the mid-infrared, micromachined silicon
components offer great potential for establishing FTIR
spectroscopy as a method for studying microsecond mixing
experiments. The protein solution is in the center and two
streams of another solution (e.g. another protein, ligand, or

Figure 1. A) Typical IR absorbance spectrum of a protein (Ras). The main com-
ponents are indicated by the colors red (amide I), blue (water) and green (ami-
de II). In a secondary structure analysis, the components (a-helix, b-sheet and
turn/coil) of the amide I band can be separated. To the bottom, an IR difference
spectrum of the same protein for the hydrolysis reaction (Ras·GTP!Ras·GDP) is
shown. B) The same difference spectrum as in (A), with enlarged scaling. Indi-
vidual absorptions of phosphate and protein bands, which change during the
reaction, are resolved.
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buffer) enter through 30-mm-deep inlet channels, which inter-
sect with the 8-mm-deep observation channel. Due to the vis-
cosity-determined laminar flow, no turbulence is induced when
the buffer channels merge, and a layer of the center solution
between two outer layers over the whole width of the obser-
vation channel results. Since the layers are thin, diffusing reac-
tant molecules stream from one solution into the other, and
thus, mixing is fast. The time resolution is achieved by scan-
ning along the observation channel with the focused beam of
an FTIR microscope. The time resolution is a function of the
diffusion coefficient and thus dependent on the size of the
proteins. For small molecules, a time resolution of 400 ms can
be achieved. This is about 300 times faster than current IR

stopped-flow setups. Additionally, the miniaturization used to
create such cells reduces sample consumption.

Rapid Scan

The principle of the rapid-scan FTIR mode of time-resolved
spectroscopy is simple: after taking a reference spectrum of
the protein in its ground state, one activates the protein (e.g.
by a laser flash) and records interferograms in shorter times
than the half-lifes of the reactions.[26] The time resolution of
this method depends on the sampling time for an interfero-
gram and is about 10 ms. In a kinetic analysis (see below) am-
plitude spectra for the individual conversions can be calculat-
ed.

Step Scan

In the step-scan mode, the interferometer moving mirror may
be visualized as being held stationary at the interferogram
mirror position xn. The protein activity is initiated, for example,
by a laser flash, and the time dependence of the intensity
change at this interferogram position xn is measured. Then the
interferometer “steps” to the next interferogram data position
xn + 1, and the reaction is repeated and measured again. This
process is continued at each sampling position of the inter-
ferogram. The time resolution is usually determined by the re-
sponse time of the detector, which is about a few nanosec-
onds. After the measurement, the data are rearranged to yield
time-dependent interferograms I(ti). Extended discussions of
the step-scan technique can be found in refs. [34–38].

Kinetic Analysis

For the analysis of time-resolved data, it is important to ana-
lyze the kinetics of the observed reaction. A global-fit analysis
yields the apparent rate constants of the analyzed processes.[39]

The global-fit analysis not only fits the absorbance change at a
specific wavenumber, but at up to 800 wavenumbers in the
spectrum simultaneously. All reactions are assumed to be first
order and can therefore be described by a sum of nr exponen-
tials. The fit procedure minimizes the difference between the
measured data DAmeasured and the theoretical description DA,
shown in Equation (1), weighted according to the noise at the
respective wavenumbers, and summarized not only over the
time but also over the wavenumbers.

DAðn,tÞ ¼
Xnr

l¼1

alðnÞe�kl t þ a0ðnÞ ð1Þ

An alternative method of data analysis is the singular value
decomposition or principal component analysis (PCA) ap-
proach,[39] in which a set of basis difference spectra are calcu-
lated from all the measured difference spectra. This procedure
allows the determination of transient spectra independently
from specific kinetic models or temporal overlap.[39, 40] Thus,
this approach should be used if the reactions are not first-
order.

Figure 2. Different options for triggering a reaction : A) Photobiological systems
can be triggered directly by a laser flash. B) Caged compounds set free the de-
sired compound after a laser flash. The pHP-caged GTP sets free GTP within
500 ps. C) Triggering by mixing is, for example, possible in a microfabricated
flow cell. In the side view (b), a fluid dynamics simulation for the mixing of a
protein solution (black) with a buffer (grey) by diffusion is shown. Note that the
observation channel is much longer than the part shown here. More details are
given in ref. [33] .
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Band Assignments

A large number of spectral bands can be seen in the difference
spectrum in Figure 1 B. The frequency range in which a band
appears allows a tentative assignment of the bands; for exam-
ple, carbonyl vibrations of aspartic or glutamic acids absorb
between 1700 and 1770 cm�1. In order to draw detailed con-
clusions from the spectra, the bands have to be assigned to in-
dividual groups. Unambiguous band assignment can be per-
formed by using isotopically labeled proteins[41] or by amino
acid exchange via site-directed mutagenesis.[26]

The principle of band assignment by site-directed mutagen-
esis is demonstrated in Figure 3 A in the example of the bR–N
difference spectra of the wild type (WT) and the Asp–96–Asn
mutant.[26] Absorbance changes in the spectral range between
1500 and 1000 cm�1 (not shown) are highly reproducible,
which indicates that this specific mutagenesis is noninvasive
and does not disturb the protein structure. Only the carbonyl
band shift at 1742 cm�1 is absent in the spectrum of the
mutant. This is the 4-carbonyl vibration of the exchanged

Asp96,[26] which demonstrates that this group deprotonates in
the N intermediate.

Mutation of an amino acid changes the structure of the pro-
tein to a greater or lesser degree, and it is easy to achieve by
site-directed mutagenesis, a standard molecular biology
method.[42] On the other hand, isotopic labeling has the ad-
vantage of marking the molecular group noninvasively:

Isotopic labeling shifts the stretching frequency of the la-
beled group due to the increased reduced mass, m. The fre-
quency, n, is given by:

n ¼ 1
2p

ffiffiffi
k
m

r
ð2Þ

where k is the force constant. Isotopic labeling can be per-
formed on prosthetic groups, such as retinal,[43] or nucleotides,
such as GTP.[14, 31, 44] These compounds can be chemically syn-
thesized. Isotopic labeling of all amino acids of one kind can
be achieved by biosynthetic incorporation of isotopically la-
beled amino acids, for example, aspartic acid.[41] As an exam-
ple, site-specific isotopically labeled caged GTP is presented in
Figure 3 B. Here g18O4-labeled GTP is used in the Ras-catalyzed
hydrolysis reaction of GTP.[44] In the difference spectrum (D) of
the hydrolysis the negative bands correspond to the Ras·GTP
state. The band at 1143 cm�1 is shifted by the g label and can
thus be assigned to an absorption of the g-GTP group. On the
other hand, the a band at 1263 cm�1 (assigned by a-labeled
GTP, not shown) remains in the same position after g labeling.
Similarly, one can assign positive bands (product state) at 1078
and 992 cm�1 as absorptions of the appearing Pi after hydroly-
sis. Often, a double-difference spectrum (DD), the difference of
the labeled and the unlabeled difference spectra, gives distinct
band positions, because only absorptions that shift due to the
labeling appear.

The most powerful method for band assignment is site-
directed isotopic labeling of an amino acid. This is an expen-
sive molecular biology method and only very rarely successful-
ly applied. However, it is clear that chemical synthesis of a pro-
tein can allow site-directed isotopic labeling and may become
the method of the future.[45, 46] Once a band is assigned, very
accurate information on interactions of this group, protonation
states, charge distribution, involvements in the reaction mech-
anisms, and bond orders can be obtained.

QM/MM Calculations or Theoretical FTIR Spectroscopy
of Proteins

With the QM/MM (quantum mechanics/molecular mechanics)
approach,[47] IR spectra of proteins can be calculated. Because
proteins are far too large to be treated completely quantum
chemically, the major part of the protein and its water sur-
rounding are classically calculated using an empirical force
field at a lower computational level, but the active center or a
prosthetic group bound to the protein is treated by high-level
quantum mechanical methods, mostly density functional
theory (DFT). Thereby, the dynamics of the protein surround-
ings are regarded in contrast to vacuum ab initio calculations.

Figure 3. A) Spectra demonstrating the principle of band assignment by site-
directed mutagenesis. Difference spectra (N-bR) of bR are shown. The spectrum
of the bR-wt shows a negative band of Asp96. In the corresponding spectrum
of the mutant Asp 96 Asn, this band is absent. Additionally, the difference
bands of Asp115 are now seen more clearly. B) Spectra demonstrating the prin-
ciple of band assignment by isotopic labeling. In black the hydrolysis spectrum
of Ras·GTP to Ras·GDP is shown, in grey the same with g18O-labeled GTP. The
band at 1143 cm�1 is shifted and can be assigned to a g-vibration, whereas the
band at 1263 cm�1 (the a-band) is not affected.
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The QM/MM calculations provide the frequency, the band-
width, and the intensity of infrared absorptions. By comparison
with experimentally observed spectra, the accuracy of the cal-
culation can be evaluated. If the vibrational spectrum is well
reproduced, the results obtained from the calculation will be
reliable. The QM/MM calculations provide the geometry, the
electron density, and the charge distribution of the QM-treated
protein part. These are the crucial parameters, which deter-
mine the molecular mechanism of a protein. By using this ap-
proach, first phosphate in water[48] and then GTP bound to
Ras[49] have been calculated. The theoretical spectra agree rea-
sonably with the experimentally observed ones. The experi-
mentally observed downshift of the b-phosphate vibration
comparing GTP in water and GTP bound to Ras can be quanti-
tatively correlated to a charge shift towards b-phosphate from
g- and a-phosphate due to protein binding. This charge shift
was predicted to reduce the free activation energy, and it
thereby catalyses the reaction. These results show that this is a
promising approach to decode more quantitative information
from IR spectra.

Examples of FTIR Spectroscopic Investigations
of Protein Action

How Proteins Pump Protons

After light excitation of bacteriorhodopsin’s (bR) light-adapted
ground state, BR570, a photocycle starts with the intermediates
J610, K590, L550, M410, N530, and O640, distinguished by the different
absorption maxima given by the indices. During the rise of the
M-intermediate a proton is released to the extracellular side,
and during the M-decay a proton is taken up from the cyto-
plasmic side. This creates a chemic–osmotic proton gradient
across the membrane.

The absorbance changes accompanying this reaction path-
way can be monitored by the step-scan FTIR technique with a
time resolution of 30 ns.[38] In Figure 3, the IR absorbance
changes between 1800 and 1000 cm�1 during the photocycle
are shown in a three-dimensional representation. Beyond a
background absorbance of up to one absorbance unit,
changes on the order of 10�3 to 10�4 are monitored with 3-
cm�1 spectral resolution and 30-ns time resolution.

The appearance of the C�C stretching vibration band at
1190 cm�1 indicates the all-trans to 13-cis isomerization of reti-
nal. It takes place within 450 fs and is not time-resolved here.
Its disappearance at about 200 ms indicates the deprotonation
of the Schiff base. This loss of charge of the Schiff base greatly
reduces the IR absorbance of the chromophore. (The Schiff
base connects the retinal to Lys216 of the protein, see Fig-
ure 4 B). The deprotonation kinetics of the Schiff base agrees
nicely with the protonation kinetics of the counterion Asp85,
which can be followed at 1761 cm�1 (Figure 4 B).[26] Recently,
for the proton-release pathway to the protein surface, a proto-
nated hydrogen-bonded network has been identified
(Figure 4).[50] According to a combination of X-ray data,[51] FTIR
measurements,[52] pKa calculations,[53] and molecular dynamics
calculations,[54] the H5O2

+ complex is believed to be stabilized

between Glu204 and Glu194. This complex can be identified in
the FTIR spectrum by a continuum band between 1800 and
1900 cm�1. The reprotonation of the Schiff base by Asp96 is in-
dicated by the reappearance of the band at 1190 cm�1 in the
millisecond time domain.[26, 55] The final disappearance at
1190 cm�1 shows the chromophore’s relaxation to the all-trans
BR ground-state configuration. Based on the FTIR experiments,
a detailed model of the light-driven proton pump bacteriorho-
dopsin has been elucidated and is presented in Figure 4 B.

Figure 4. A) The IR absorbance changes during the photocycle of bR. One band
of the protein at 1762 cm�1 (protonated Asp85) and one of the protein–ligand
interface at 1190 cm�1 (protonated Schiff base) are marked. B) Model of the
proton–pump mechanism of bR, to which many groups have contributed (for
references, see text). After the light-induced all-trans to 13-cis retinal isomeriza-
tion in the BR-to-K transition, the Schiff base proton is transferred to Asp85 in
the L-to-M transition (1). Deprotonation of the protonated Schiff base can be
followed at 1190 cm�1 in (a) and protonation of Asp85 at 1762 cm�1 in (a). Si-
multaneously (2), an excess proton is released from an Zundel-like[67] hydrogen-
bonded network of internal water molecules to the extracellular site. Glu204,
Glu194, and Arg82 control this network. Asp85 reprotonates the network in the
O-to-BR reaction (5). The Schiff base is oriented in the M1-to-M2 transition
from the proton-release site to the proton-uptake site, and thereby determines
the direction of the proton transfer. A larger backbone movement of the helix F
is observed in the M-to-N transition compared with the M1-to-M2 transition.
Asp96 reprotonates the Schiff base in the M-to-N transition via waters in a
Grotthuss mechanism (3), also seen at 1190 cm�1 in (a). Deprotonation of
Asp96 can also be seen at 1742 cm�1 in Figure 3 B. Asp96 itself is reprotonated
from the cytoplasmic site in the N-to-O transition (4).

ChemPhysChem 2005, 6, 881 – 888 www.chemphyschem.org � 2005 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim 885

Proteins Monitored by trFTIR

www.chemphyschem.org


How Light-Induced Electron Transfer Is Coupled to Proton
Uptake in Photosynthesis

Photosynthesis transforms light energy into chemical energy.
The photons oxidize a primary donor, typically a chlorophyll
embedded within a photosynthetic protein. The released elec-
tron is then transferred within the same complex via prosthetic
groups to a final electron acceptor, typically a quinone. The re-
duced quinone is protonated from the bulk and than released
by the photosynthetic protein. This creates a proton gradient
across the membrane, which drives ATP synthesis.

The light-induced changes in the 100 kD photosynthetic re-
action center (RC) of Rhodobacter sphaeroides were monitored
from 30 ns to 35 s by FTIR difference spectroscopy (Fig-

ure 5 A).[12] The bacterial photosynthetic reaction center is
structurally very similar to D1/D2 subunits of photosystem
II.[56, 57] The results provide detailed mechanistic insights into
the coupling of the light-induced electron transfer to the
proton uptake in the QA-to-QB transition. This is a crucial step
in the energy transduction. Based on absorbance changes ob-
served in photolysis experiments in the visible spectral range it
was earlier concluded that the fast absorbance changes repre-
sent electron-transfer reactions and the slower proton
uptake.[58] However, the visible absorbance changes cannot
clearly distinguish between electron- and proton-transfer reac-
tions, mainly redox changes of prosthetic groups are moni-
tored. From X-ray structure analysis it was concluded that a so-
called propeller-twist movement of QB represents a conforma-
tional gating for the QA to QB transition, because different posi-
tions of QB are observed in dark and light-adapted samples.[59]

In contrast, time-resolved FTIR experiments show different QB

positions already in the dark-adapted samples and show that
the propeller-twist movement does not take place in the QA-
to-QB transition. In contrast to the earlier proposals in the liter-
ature, based on the results of the FTIR experiments, a new mo-
lecular mechanism is proposed (see Figure 5): reduction of QA

in picoseconds (1), which induces protonation of histidines (2),
probably of His126 and His128 in the H subunit at the en-
trance of the proton-uptake channel, and of Asp210 in the L
subunit inside the channel at 12 and 150 ms. This and not the
propeller-twist movement, as suggest earlier by the X-ray anal-
ysis, seems to be a prerequisite for the reduction of QB (3), QA

�

is reoxidized at 1.1 ms, and a proton is transferred from
Asp210 to Glu212 (4). Glu212 is the proton donor to QB

� . The
data indicate that QB is not reduced directly by QA

� but pre-
sumably through an intermediary electron donor. This inter-
mediate was resolved for the first time by trFTIR spectroscopy.
The His190(L)–Fe2 +–His219(M) moiety is optimally positioned
between QA and QB to donate the electron to QB. Mutations of
His219(M) or exchange of the Fe2+ substantially alters the elec-
tron transfer from QA

� to QB. However, it is not yet clear, if the
non-heme Fe undergoes a redox reaction itself, or other
groups are involved, for example His190. Further experiments
are required to clarify this question. Up to now a redox reac-
tion of Fe was excluded in bacterial reaction centers, but not
in the structurally homolog photosystem II. However, the inter-
mediary electron donor seems to have an unusual shift in its
redox potential.

How Ras GTPases Work

GTPases, which catalyze the hydrolysis of GTP to GDP and Pi,
play a key role in the regulation of many biological process-
es.[60] Ras is the prototype of the family of GNBPs, which con-
tain a structurally highly conserved G domain. In oncogenic
Ras the activation of Ras GTPase activity is inhibited, and this is
thought to be the central event in Ras-dependent transforma-
tion of a cell into a cancer cell.

The time course of the GTPase reaction of Ras and the pro-
tein–protein complex Ras·RasGAP was measured by FTIR
spectroscopy. The reaction is started by a laser flash using pho-

Figure 5. A) Representation of the light-induced IR absorbance changes in the
photosynthetic reaction center of Rb. Sphaeroides with 30-ns time resolution
and 7-cm�1 spectral resolution as revealed by global-fit analysis according to
the given formula. The time axis has a logarithmic scale to show the complete
reaction over nine orders of magnitude (30 ns to 35 s) in one representation.
B) Light-induced electron transfer from P to QA takes place within 200 ps via
overlapping prosthetic groups (1). Based on the results of the FTIR experiments
a new molecular mechanism is proposed for the following steps: protonation
of histidines (2), probably of His126 and His128 in the H subunit at the en-
trance of the proton-uptake channel, and of Asp210 in the L subunit inside the
channel at 12 and 150 ms. This seems to be a prerequisite for the reduction of
QB (3). QA

� is reoxidized at 1.1 ms, and a proton is transferred from Asp210 to
Glu212 (4). Glu212 is the proton donor to QB

� . The data indicate that QB is not
reduced directly by QA

� but presumably through an intermediary electron
donor. This intermediate has been resolved for the first time by trFTIR spectros-
copy.
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tolabile caged GTP bound to Ras. The laser flash releases
Ras·GTP, which subsequently undergoes a Ras-mediated
GTPase reaction. Binding of GTP to Ras already induces a more
productlike (GDP) charge distribution in the educt (GTP) state
and thereby reduces the free activation energy for hydrolysis.
This involves a shift of negative charge towards the b-phos-
phate of GTP, indicated by a red-shift of the corresponding ab-
sorption.[44, 61, 62] This seems the main contribution to catalysis.
The charge distribution in GTP cannot be resolved in the X-ray
structural analysis, but with IR data in combination with QM/
MM (quantum mechanic/molecular mechanic) calculations.
Therefore, the FTIR is a good complementary technique to the
powerful X-ray analysis and provides detailed information on
the reaction mechanism beyond the structure.

The GTPase reaction is further regulated by a GTPase-activat-
ing protein (GAP). Detailed analysis of the GTPase reaction of
the protein complex of Ras and RasGAP[14] shows three key dif-
ferences:[14]

* The reaction with the protein–protein complex is accelerat-
ed by a factor of 105.

* The Ras·GAP reaction involves an intermediate. In this inter-
mediate, the g-phosphate is already cleaved from the re-
maining GDP, but remains within the binding pocket.

* The b-band of GTP, which is—compared to GTP in water—
downshifted in Ras, is even further downshifted in Ras·GAP.
This indicates an additional substantial shift of negative
charge towards the b-phosphate. The charge shift is provid-
ed by the Arg finger of the GAP, which pulls negative
charge towards the b-phosphate, as do the Mg and Lys of
Ras (Figure 6). The shift towards the b- but not the g-phos-
phate was not expected according to transition-state
models,[63] but was recently affirmed by theoretical meth-
ods[49] and measurements of kinetic isotope effects.[64]

Due to the additional kinetic information in time-resolved
FTIR difference spectroscopy information on thermodynamic
parameters can be gained by means of Arrhenius plots and ap-
plication of transition-state or Kramers’ theory.[62] By perform-
ing kinetic measurements at different temperatures, the entro-
py and enthalpy contributions to the activation barrier of the
hydrolysis reaction were estimated. The entropic contributions
to the catalytic effect are only minor in GTPase catalysis and
the enthalpic contributions from electrostatic interactions (the
charge shift towards b-phosphate) are key to the catalysis.
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